Abstract: Biophysical imaging tools exploit several properties of fluorescence to map cellular biochemistry. However, the engineering of a cost-effective and user-friendly detection system for sensing the diverse properties of fluorescence is a difficult challenge. Here, we present a novel architecture for a spectrograph that permits integrated characterization of excitation, emission and fluorescence anisotropy spectra in a quantitative and efficient manner. This sensing platform achieves excellent versatility of use at comparatively low costs. We demonstrate the novel optical design with example images of plant cells and of mammalian cells expressing fluorescent proteins undergoing energy transfer. 
Introduction
Biophysical tools are in high demand by the biomedical community for the study of molecular mechanisms underlying cell physiology, disease or diagnostics. For many applications, the possibility to quantify fluorescence emitted by several different fluorophores is often beneficial or necessary. Spectral imaging is very useful in this regard because it permits the simultaneous detection of a number of fluorophores through detection of their characteristic emission spectra [1] [2] [3] [4] . Furthermore, many fluorophores exhibit altered emission spectra as a function of the molecular environment thus allowing quantitative sensing applications [5] . Also fluorescence anisotropy and fluorescence lifetime have been used for sensing applications [6, 7] and, less frequently, for unmixing [8, 9] . The development of a sensor for the combined detection of fluorescence emission and excitation spectra, anisotropy and lifetime would enable multiplexed sensing capabilities that could be exploited for biological assays. This provided the motivation for the design and characterization of the spectropolarimeter for confocal laser scanning microscopy presented here to establish a first step towards such imaging modality.
Fluorescence anisotropy imaging microscopy relies on the excitation of the sample by polarized light causing the preferential excitation of fluorophores that are orientated along the electric field vector of the excitation light. The degree of polarization of the fluorescence emission can be then measured by detecting fluorescence intensities along the same orientation (I // ) or along the orthogonal direction (I ┴ ) with respect to the excitation light. The fluorescence anisotropy is then defined as r = (I // -G I ┴ )/(I // + 2G I ┴ ) where G is a correction factor that accounts for different transmission efficiencies of the system for the two polarization components in the signal [10, 11] . Small organic fluorophores, free or conjugated with small biomolecues (e.g., short peptides or DNA oligos), rotate very fast compared to their fluorescence lifetime, with the latter typically in the 1-10 ns range, resulting in significant depolarization of fluorescence emission (r0). When such small molecules bind to larger interacting partners, they rotate more slowly and tend to preserve the characteristic limiting anisotropy [12] of the fluorophores (typically r0.3-0.4). This method is at the basis of common in vitro assays for high throughput screening in drug discovery programs [13] . The capability to measure fluorescence anisotropy over different spectral bands simultaneously increases information content and throughput of such techniques even further. Larger fluorophores, for instance fluorescent proteins or small organic fluorophores, which are covalently bound to large molecules, rotate slowly compared to their fluorescence lifetime. Therefore, the high fluorescence anisotropy of such fluorophores (r0.3-0.4) will thus typically not be increased by binding events. On the contrary, the opposite may be observed: energy migration phenomena (e.g., Förster resonance energy transfer or FRET) [14, 15] lead to loss of polarisation and hence an decrease of anisotropy. This occurs because multiple energy transfer steps between randomly oriented molecules lead to successive loss of polarsation. Here again, the potential to measure anisotropy in a number of spectralchannels is highly beneficial permitting for example the discrimination of several FRET reporters simultaneously greatly expandingon current capabilities of conventional fluorescence anisotropy microscopes. Polarisation resolved excitation spectra have furthermore great use in the characterization of electronic states of fluorophores [16] . Coupling an instrument capable of detecting emission anisotropy spectra with a tunable excitation source, for example a supercontinuum source [17] [18] [19] [20] [21] would offer the unique capability of mapping out full emission-excitation spectral matrices for both polarization components in the signal thus offering a complete characterization of the probed fluorophore state in biological samples. In this paper we describe the development of a confocal laser scanning spectropolarimeter and its application in two novel ways. First, we demonstrate how the spectropolarimeter can be used to gain contrast in bioimaging that cannot otherwise be obtained. The very large information content acquired is challenging to represent and we illustrate new methods for the visualization of corresponding information. Secondly, we show a novel method with potential to image FRET in biological samples by measuring fluorescence emission spectra.
Engineering a spectropolarimeter for bioimaging applications poses two major challenges. Firstly, the detection system has to be very efficient in order to minimize photon losses which would hinder its application to the detection of the low fluorescence signals that are typical in biological applications. Secondly, the read-out of the spectral information has to be fast enough to be synchronized with the scanners of a confocal microscope to enable acquisition speeds that are compatible with the study of biological samples. These challenges have to be balanced against the requirement for a cost-effective system that is simple to use and maintain; critical points to ensure the widespread use by the biomedical community. Therefore, we engineered a simple yet powerful instrument for the simultaneous and orthogonal dispersion of different colors and polarization states of fluorescence onto a single two-dimensional electron-multiplying charge coupled detector (EMCCD).
In order to resolve some ambiguity of terms like "multi-dimensional imaging", "multiparametric imaging" and "hyper-spectral imaging", we propose to refer to this class of imaging modalities as hyper-dimensional imaging microscopy (HDIM). HDIM refers explicitly to the additional dimensionality that spectroscopic properties of the sample add to an image. Here, we present the engineering of a hyper-dimensional imaging microscope based on a unique spectropolarimeter and its demonstration on a plant sample, Convallaria majalis, and on mammalian cells expressing linked fluorescent proteins undergoing FRET.
System engineering
A compact spectropolarimeter (Fig. 1A) was developed with the use of a Wollaston prism (MWQ25-05-HEAR450-750nm, by Karl Lambrecht Corp., USA) that introduces a 0.5 degrees angular dispersion between the two orthogonal polarization components which are then relayed to a MgF 2 coated 25mm SF11 glass equilateral prism (Edmund Optics Ltd., UK) positioned at the minimum deviation angle (~61 degrees). The orthogonal angular dispersions introduced by the two prisms were then transformed in linear displacement by either a 3 cm or 4 cm achromatic anti-reflection coated doublet for Fig. 1 -5, respectively. Spectropolarimetry was implemented on two commercial confocal microscopes: a Nikon C1 (Nikon Instruments Europe BV, The Netherlands) and an Olympus FV300 (Olympus Medical, United Kingdom). The light source was directly coupled to the scan-head to achieve control of the polarization of the excitation light. Both microscopes were upgraded with "slow-scan boards" provided by the manufacturers to permit a pixel dwell-time in the order of 120-200 μs. The performance of the two systems was comparable; the images shown here were acquired with the FV300 coupled to a supercontinuum source (SC400, Fianium, UK) and filtered by an acousto optical tunable filter (AOTF; AOTFnC-400.650 AA Electrooptics), as described in an earlier publication [18] . The fastest operation of the spectropolarimeter was achieved by slaving the confocal scanners to a master pixel clock signal generated by the on-board electronics of the EMCCD. The slightly divergent beam emerging from the confocal pinhole was reflected by a first mirror (M1) and collimated by an achromatic doublet (400 mm). The scanning lens (s) of the confocal and the collimating lens (L1) of the spectropolarimeter together with the scanners (xy), dichroic (d) and M1 constitute a beam expander designed to deploy a ~5mm beam to the prisms. M1 and M2 are silver coated mirrors used for the alignment of the spectropolarimeter. The two irises (I1-2) and mirrors (M1-2) were used iteratively to ensure that the beam entered the spectropolarimeter centered and parallel to its optical axis. For the coarse alignment of the system, excitation light reflected by a mirror positioned at the sample plane can be tracked at positions O1 and O2. All the optics and optomechanics were from Thorlabs Ltd. (UK) or machined in house unless otherwise indicated. This configuration permitted the fewest number of optical components to be used and thus minimized optical losses, whilst also allowing a comparatively simple alignment of the system. Two commercial back illuminated EMCCDs were tested: a Cascade 128 + by Photometrics (USA) and an iXon860 by Andor Technology (UK). Both EMCCDs provided similar results during bench tests; however, the iXon860 was our final choice because of the comprehensive SDK for Matlab provided by Andor Technology that facilitated the development of Matlab (The MathWorks, USA) code. Matlab code was used for both realtime operation of the camera and processing of the data. 
Calibration of the system
All fluorescence images shown here were acquired with a pixel dwell-time between 120 and 190μs, using a 60x oil-immersion objective and 256x256 pixels (~6s total acquisition time). 15-24 additional pixels were acquired during the retracing of the laser. These pixels were removed from the final images. The nominal resolution of the spectrograph was 2-5nm over the 470-700nm spectral range. The spectropolarimeter is aligned by setting the half-wave plate at 22.5 degrees relative to the (polarization) axis of the spectropolarimeter. Seven laser lines were selected by the AOTF [18] , reflected from a glass coverslip and imaged on the EMCCD. Figure 1B shows the part of the EMCCD sensor (~50x128 pixels) used for imaging and calibration with wavelengths selected from 470 nm to 530 nm every 10 nm. The indicated regions serve for the alignment of the two prisms, the EMCCD and the spectral calibration of the device. Once the alignment and calibration are completed, the half-wave plate is reset to 0 degrees. Figure 1C shows the doubly dispersed fluorescence emitted by a fluorescent plastic slide (Chroma Technologies Corp., USA) with the half-wave plate at 0 degrees. The dependency of the deviation angle of the Wollaston prism on wavelength is evidently negligible; indeed, the Wollaston prism permits the projection of two parallel spectra onto a well defined area of the EMCCD sensor. For each pixel of the confocal image, three horizontal lines (Fig. 1C) of the sensors are read-out with vertical binning typically set at 15-20 pixels. Two strips gather the polarization dependent spectra; the third line is used for background subtraction. These areas are indicated by the red rectangles in Fig. 1B and 1C . Fluorescence from YFP expressed in mammalian cells (corresponding to r = 0.3) was used for the calibration of the anisotropy values. A flat field correction was applied to the spectra by normalizing each spectral bin to its relative (spectral) width.
Imaging spectropolarimetry
A hyper-dimensional data set provides a wealth of information that one cannot fully represent with two-dimensional maps. Therefore, to the engineering of new hardware dedicated to HDIM, it is necessary to develop novel strategies for the analysis and visualization of hyperdimensional data sets. Figure 2 shows possible representations of the data acquired from the plant Convallaria majalis (Leica Microsystems Ltd., Milton Keynes, UK). Figure 2A shows the average intensity of the sample obtained by summing the hyper-dimensional data stack along both spectral and polarization dimensions. This image is a map of fluorescence intensities that could be measured with a typical confocal microscope. The additional spectral information of the data set is visualized in Fig. 2B where the intensities measured over the spectral elements were summed over three spectral ranges (<495 nm, 495-570nm and >570 nm) to provide a true color image of the sample [2] . This was obtained summing the hyper-dimensional data set along the polarization dimension. On the other hand, summing along the spectral dimension allows mapping the anisotropy of the sample (Fig. 2C) . The brightness of Figs. 2A-2C is proportional to the intensity of the sample (see look-up table below panel C). By discarding the intensity information and remapping the anisotropy measured over the three spectral bands <495nm, 495-570nm and >570nm, it is possible to obtain a combined spectral/anisotropy image (Fig. 2D) . The corresponding color -anisotropy look-up table is shown below panel D. The red-green-blue-(RGB) representations show the spectral information and the brightness of the image is proportional to the measured anisotropy values. Note when comparing Fig. 2B and Fig. 2D that areas first shown in red subsequently appear in green. This is caused by the low anisotropy values of the red emitter and the high anisotropy levels of the green fluorescence. This is evident from Fig. 2E and 2F where the spatially averaged emission spectra of the sample for both polarization states and the spatially averaged anisotropy spectrum are shown. It is clear that the combination of spectral and anisotropy information provides enhanced contrast. A simultaneous visualization of the entire information content encoded in the hyperdimensional images is impossible. Their interpretation can be simplified, however, by discarding the spatial information. This strategy has been used successfully in fluorescence lifetime imaging microscopy to provide a model-free method to segment images [22] [23] [24] . Figure 3 shows a bi-dimensional histogram (scatter plot) obtained by plotting fluorescence anisotropy values versus intensity for each pixel. Each point is again RGB color coded as in Fig. 2D . Spectral, anisotropy and intensity information are visualized simultaneously in this new type of RGB-fluorogram. Corresponding pixels in the images can be segmented by setting specific gates to select pixels that exhibit specific correlation between anisotropy and intensity. An example of such segmentation is given in Fig. 3 . Regions G1-5 in the scatter plot (Fig. 3A) are selected and used to segment the original image resulting in the images in Fig. 3B . The white arrows in Fig. 3B (images labeled G4 and G5) show different structures that are segmented by anisotropy and that would be indistinguishable merely via their emission spectra. Differences in anisotropy values may be caused by energy migration events and by fluorophore orientation effects. HDIM provides enhanced contrast and segmentation of biological samples that can be further increased by including excitation spectra [9] . Excitation and emission resolved images can be acquired with the spectropolarimeter by using a supercontinuum excitation source in combination with an AOTF [18] . It was thus possible to fully characterize and map the steady-state fluorescence emission of a sample as shown in Fig. 4 . For each excitation wavelength in the range of 485-615 nm 8 hyper-dimensional images were acquired and averaged. Regions of interest (yellow and red squares in Fig. 4A ) were selected and emission spectra were extracted for the different excitation wavelengths (Fig. 4B) . The upper (yellow) region of interest clearly contains additional fluorescing components that emit in the bluegreen spectral range that are only excited at short wavelengths.
Emission (abscissa), excitation (ordinate), anisotropy (color), intensity (brightness) matrices for the two regions of interest are shown in Fig. 4C . These matrices represent the full spectral signature of the sample and permit to appreciate the presence of a red fluorophore with a very large Stokes shift exhibiting low anisotropy (in both regions) and a green fluorophore with a small Stokes shift exhibiting high anisotropy values (in the upper region of interest).
FRET detection by imaging spectropolarimetry
Another potential application of imaging spectropolarimetry is for the detection of FRET, i.e. the non-radiative transfer of excitation energy from a donor fluorophore to an acceptor fluorophore [25] . FRET causes depolarization of the sensitized emission because of the transfer of excitation energy to a second fluorophore the orientation of which is not constrained by the photoselection rules of the directly excited fluorophores. A decrease in the anisotropy can be measured when identical fluorophores are in close proximity (homo-FRET) allowing protein oligomerization to be detected [7, 26] . Recently, Rizzo and Piston [25] demonstrated that mapping the FRET-dependent depolarization in hetero-FRET experiments could be also useful to measure protein-protein interactions. Imaging spectropolarimetry can be applied to the imaging of FRET-based assays. Indeed, Fig. 5A shows the HeLa cells expressing a fusion construct of the Cyan Fluorescent Protein (CFP) and the Yellow Fluorescent Protein (YFP) separated by a 17 amino acid long linker. This construct exhibits a FRET efficiency of about 25% (determined by TCSPC in independent experiments). The same sample was either excited at 440 nm to excite CFP or at 490 nm to directly excite the acceptor YFP. Also a HeLa cell co-expressing non-linked variants of CFP and YFP (i.e. not exhibiting FRET) is shown in the bottom panels of Fig. 5A . Figure 5B shows spatially averaged anisotropy spectra if the samples shown in Fig. 5A . The no-FRET sample exhibits an average anisotropy in the CFP and YFP emission band of ~0.2 and ~0.3, respectively. These values are molecular properties of the two fluorophores in the cellular environment. Also the CFP-17AA-YFP exhibits r~0.3 for the YFP fluorophore directly excited at 490nm. Again, this is a molecular property of the directly excited YFP. Because of FRET, the same construct exhibits a remarkable depolarization (from 0.3 to 0.2) in the YFP emission when excited at 440nm. This depolarization is clearly present only in the emission of the acceptor fluorophore as shown from the ratio of the anisotropy spectra of the FRET samples to the no-FRET sample (Fig. 5B, bottom panel) . Note that when the sample was excited at 490 nm, a 530-550 nm band pass filter was added in front of the spectropolarimeter; therefore, the anisotropy curve for this measurement (Fig. 5B, dark yellow) is shown only in the region where the acquired light intensity was sufficient to compute anisotropy values. 
Discussion
The many properties of fluorescence light can be detected with the use of traditional detectors. However, detection of spectra and polarization requires the use of many detectors [27] or the sequential acquisition of images using different filters or analyzers. Generally, these strategies would result in increase complexity and costs of the microscopy system or the detrimental loss of photons, respectively. Therefore, we developed and characterized an optimized confocal laser scanning spectropolarimeter for the simultaneous and photon-efficient measurement of fluorescence spectra and polarization. Care was taken to minimize optical losses and cost, while maximizing ease of use. The integration of the EMCCD camera into a confocal system is comparatively straightforward and it permits high sensitivity, high spectral resolution spectral imaging due to its high quantum efficiency (> 90%) and large number of pixels. These properties yield a system far superior to commercially available spectral imaging systems. As a first step to fully resolve all photophysical properties of a biological sample, we were able to simultaneously acquire fluorescence spectral and polarization information. Furthermore, with the use of a supercontiuum light source, the full spectral signature of the sample could be recorded. Importantly, a hyper-dimensional detector collects all the photons harvested by the confocal microscope. These photons are then histogrammed by the spectropolarimeter in the relevant spectral and polarization channels. No change of polarizer or filter was used in order to achieve high photon-efficiency and time resolution. The confocal spectropolarimeter operates at a maximum (hyper-dimensional) pixel rate of 8 kHz, thus providing a confocal image of 256x256 pixels in about 6 seconds. Images of 512 x 512 pixels can be acquired in ~30 seconds. This acquisition speed is significantly slower than that found commercial confocal laser scanning microscopes, but it should be noted that the information content of the images generated with the confocal spectropolarimeter is far higher (256 spectral/polarization channels). Furthermore, this acquisition speed is certainly compatible with many biological applications and it is much faster than other biophysical imaging modalities already broadly used [28] .
